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ABSTRACT: Nanoparticles (NPs) have been suggested as
eﬃcient matrixes for small molecule proﬁling and imaging by
laser-desorption ionization mass spectrometry (LDI-MS), but so
far there has been no systematic study comparing diﬀerent NPs in
the analysis of various classes of small molecules. Here, we present
a large scale screening of 13 NPs for the analysis of two dozen
small metabolite molecules. Many NPs showed much higher LDI
eﬃciency than organic matrixes in positive mode and some NPs
showed comparable eﬃciencies for selected analytes in negative
mode. Our results suggest that a thermally driven desorption
process is a key factor for metal oxide NPs, but chemical
interactions are also very important, especially for other NPs. The
screening results provide a useful guideline for the selection of NPs in the LDI-MS analysis of small molecules.
The use of nanoparticles (NPs) as a matrix for laser-desorption ionization mass spectrometry (LDI-MS) goes
back to Nobel laureate Koichi Tanaka’s initial work using 30
nm size cobalt powder to desorb and ionize proteins in 1988.1
Nanoparticles have many advantages as LDI matrixes,2
including vacuum stability, good laser absorption at UV
wavelength, homogeneous application on the micrometer
scale (no “sweet spots”), and almost no matrix background in
the low-mass region. In addition, their high surface areas can be
used for the enrichment of certain classes of compounds,
enabling high-throughput selective analysis. In spite of these
advantages, NPs have been initially neglected because organic
matrixes have been found to be more eﬃcient for LDI-MS of
biological macromolecules. Nanoparticles gained renewed
attention with the success of nanostructure-based surface
ionization, such as desorption/ionization on silicon (DIOS)3
and nanostructure-initiator mass spectrometry (NIMS).4
Encouraged by this success and the advancement of various
nanoparticle synthesis,5 the use of NPs for LDI-MS, termed
nanoparticle-assisted LDI-MS or NALDI-MS, has ﬂourished in
recent years.2,6 Gold and silver NPs have been most widely
adopted, thanks to the availability of various synthetic
routes,6−9 but the ﬁeld has recently expanded into a wider
range of NPs, including metal oxide NPs (e.g., TiO2,
10 Fe3O4,
11
ZnO12), carbon-based NPs (e.g., colloidal graphite,13 graphene
oxide,14 nanodiamond15), metal NPs (e.g., platinum,16
copper17), and semiconductor quantum dots (e.g., CdSe,18
ZnS,19 HgTe20). Most of these studies, however, were
performed for one or two limited classes of compounds,
mostly peptides, proteins, oligosaccharides, or polyethylene
glycols (PEG), and application to small molecules has been
very limited. This is counterintuitive because one of the most
important beneﬁts of NPs as matrixes is the absence of
background in the low mass region.
Most NALDI-MS studies use capping agents (e.g., citrate) to
improve stability of NPs. The use of special capping agents can
provide additional beneﬁts such as enrichment of speciﬁc target
compounds,2,21,22 enhancement of ionization eﬃciency,23,24
and evaluation of biocompatibility for drug delivery.25,26 This is
especially important for metal NPs because they are prone to
aggregate without capping.26 While this approach has been well
demonstrated for proteins27 or other macromolecules,28 its
application to small molecules is relatively rare.29,30 In fact,
organic capping compounds are easily released during NALDI-
MS and often cause signiﬁcant interferences and ion
suppression in small molecule analysis.29 Some functionaliza-
tion induces minimal contamination and has been successfully
applied for LDI-MS of small molecules. Glutathione-capped
iron oxide NPs have been applied for in-source decay of
glycans31 and perﬂuorinated gold NPs have been shown to
softly ionize small molecules for LDI-MS imaging.32 The LDI
eﬃciency of these NPs, however, has not been systematically
studied over a wide range of small metabolite molecules.
Nanoparticles thus have been mostly used without capping in
small molecule analysis; however, bare NPs often exhibit
analyte selectivity and it is generally not well established which
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nonfunctionalized NPs enhance which classes of small
molecules. Some NPs are known for their eﬃciency in the
analysis of speciﬁc compounds (e.g., Ag for oleﬁns,8 Ag and Au
for sulfur compounds9), but the behavior of other NPs is
mostly unknown. Here, we report a large-scale study of the
suitability of several NP types for NALDI-MS of small molecule
metabolites. The nanoparticles used in this study include metal
oxide NPs (WO3, TiO2, Fe3O4, AZO [aluminum-doped zinc
oxide], ZnO, SnO2), carbon-based NPs (boron doped
nanodiamond, colloidal graphite, graphene oxide), and metal
NPs (Pt, Au, Ag, Cu). All of these NPs are not functionalized,
except for some carbon-based NPs that are inherently
functionalized during synthesis and all are mostly spherical in
shape (see the Supporting Information). These NPs also have
good laser absorption at 355 nm (see the Supporting
Information). The small molecule metabolites used in this
study were separated into two groups, water-soluble and water-
insoluble (Figure S1), for the convenience of sample
preparation and analyzed separately after mixing and spray-
deposition (Figures S2−S5). A few instances of matrix
backgrounds were observed for carbon-based NPs (Figure
S6) and WO3 NPs in negative mode (Figure S7). Figure 1
summarizes our NP screening as a heat map (raw data are in
Tables S1 and S2), as compared to two widely employed
organic matrixes in positive and negative ion modes, under
optimized conditions for each NP or matrix (see the
Supporting Information for details). Selected NALDI-MS
spectra are shown in Figure 2 as examples. In positive ion
mode, NPs outperform organic matrixes except in the cases of
phosphocholine (PCho), phosphatidylcholine (PC), and
phosphatidic acid (PA). In negative ion mode, the organic
matrix DAN, recently reported as a useful matrix for small
molecule and lipid analysis in negative mode,33,34 is superior to
almost all NPs; however, some NPs show comparable signals
for selected analytes.
Many metal oxide NPs work well in positive mode, especially
Fe3O4 and TiO2. We have developed a thermal desorption
model modiﬁed from Schurenberg et al.35 (Supporting
Information), which explains high NALDI eﬃciency with
metal oxide and diamond NPs. In short, metal oxide and boron-
doped diamond NPs have good laser absorption, high heat
capacity, and low thermal conductivity, and they can be heated
to a high temperature by the laser irradiation, which leads to the
eﬃcient desorption of nearby analytes. This process is
thermally driven and is mostly analyte-independent in positive
ion mode, as demonstrated by the broad coverage aﬀorded by
these NPs. This is presumably because cationization occurs in
the gas phase, largely independent of the desorption process.36
WO3 NPs have the lowest heat conductivity, resulting in the
highest temperature by laser irradiation (Tcal = 2 446 K; Table
S3) in agreement with the signiﬁcant fragmentations of PCho,
coenzyme A, PC, and triacylglycerol (TAG) (* labeled
fragments in Figure 1). Fe3O4, TiO2, and diamond NPs
produce high temperatures (Tcal = 1 247, 985, and 1 431 K,
Figure 1. Summary of nanoparticle screening for small molecule metabolite analysis. Ion signals are normalized to the highest ion signal for each
analyte and shown as a heat map. WO3 NPs have signiﬁcant matrix background in negative mode and were not used for the ﬁnal screening. An
asterisk indicates a fragment ion with the precursor shown in parentheses. Acronyms used for analytes are listed in the Supporting Information.
DHB, 2,5-dihydroxybenzoic acid; 9AA, 9-aminoacridine; DAN, 1,5-diaminonaphthalene. DHB and DAN were used for positive ion mode and 9AA
and DAN were used for negative ion mode.
Figure 2. Selected NALDI-MS with water-soluble mixture. All ions are
detected as alkaline ion adducts in positive mode, as shown with
superscripts, and deprotonated in negative mode.
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respectively; Table S5), in accord with their high NALDI
eﬃciency. In contrast, ZnO, AZO, and colloidal graphite NPs
produce much lower temperature, Tcal of 872, 830, and 628 K,
respectively, agreeing with their low NALDI eﬃciencies. AZO
NPs have slightly better NALDI eﬃciency than ZnO in spite of
its lower temperature, which is attributed to the uncertainties of
parameters used. The absorption coeﬃcient reported for SnO2
thin ﬁlm has a large variation at 355 nm, which results in either
a high, 1 314 K, or very low, 494 K, temperature in our thermal
model calculation. The laser absorption seems to be very low
for the SnO2 NPs used in this study, considering the fact that
the optimum laser energy was higher than other metal oxide
NPs (Table S4), which can explain its low NALDI eﬃciency.
Some NPs show unique, analyte-dependent speciﬁcity, which
is consistent in both positive and negative ion mode. Diamond
NPs work well for sugars and amino acids, graphene oxide and
silver NPs for phosphate compounds, and TiO2 for
parthenolide (a terpene). This cannot be explained by the
thermal desorption model only. Most likely, it is a combination
of several possible explanations. For example, too high
temperature may result in the decomposition of phosphate
compounds, partially explaining the relatively low sensitivity of
phosphate compounds with diamond NPs compared to TiO2
or Fe3O4 NPs. Some analytes might have a high aﬃnity for
certain NP surfaces and can therefore be more eﬀectively
heated and desorbed; this eﬀect is known for oleﬁns with Ag
NPs8 and sulfur with Ag and Au NPs.9 To test this hypothesis,
an experiment was performed in which the water-soluble
analyte mixture was incubated with selected NPs for an hour at
room temperature prior to deposition onto the MALDI plate.
Nanoparticles that showed the best performance in positive
mode NALDI were selected for this test. As shown in Figure 3,
Fe3O4 and TiO2 NPs show a decrease in signal intensity for
most analytes after incubation, presumably due to precipitation
when incubated for a long time without sonication (Figure S8),
graphene oxide NPs show minimal change, and diamond NPs
show a dramatic increase for most analytes. An increase in
signal is especially prominent with malic acid, vanillic acid,
sugars, amino acids, and biotin, consistent with the LDI
eﬃciency of diamond NPs in Figure 1. However, this
adsorption eﬀect cannot completely explain all the LDI
eﬃciency; e.g., TiO2 has the best NALDI eﬃciency for vanillic
acid, but incubation leads to a decrease of the ion signal.
Because of their broad light absorption and widespread
availability, carbon-based NPs have been widely used for
NALDI-MS.13,37,38 Among the carbon-based NPs used in this
study, boron-doped diamond NPs showed the best overall
performance. This is attributed to the very high temperature as
a result of the low thermal conductivity according to our
thermal desorption model (see the Supporting Information);
i.e., thermal conductivity is very low for diamond, 42 W/m K,
compared to graphite, 470 W/m K. Graphene oxide NPs,
however, showed better performance for phosphate com-
pounds and oleic acid, while colloidal graphite NPs showed
better performance for biotin in negative mode. The good
performance of diamond NPs in this study is opposite to that
observed by Tang et al.,37 where diamond NPs showed the
lowest ionization eﬃciency for benzylpyridinium ion among
various carbon-based NPs. We attribute this diﬀerence to the
thousand times higher laser absorption of the boron-doped
diamond NPs used here compared to pure diamond.39 An
important attribute of diamond NPs is their high thermal
stability. Unlike graphene oxide or colloidal graphite, diamond
NPs produce almost no carbon cluster peaks in positive ion
mode and minimal peaks in negative ion mode (Figure S6).
The high thermal stability of diamond NPs would lead to the
eﬃcient desorption and ionization of analytes, instead of
producing carbon clusters, further contributing to the high
NALDI eﬃciency. Carbon-based NPs show analyte-speciﬁc
LDI eﬃciencies, which likely arise from interactions between
analytes and diverse functional groups on the NP surfaces (FT-
IR spectra in Figure S9).
Metal NPs have been widely utilized for various
applications,6,7,16 mostly with capping agents. In this study,
bare metal NPs were not as eﬃcient, partially because of their
tendency to aggregate without capping. Platinum NPs
especially were very diﬃcult to keep in suspension, as
aggregation was visible to the naked eye within a few seconds.
Gold NPs were also unstable, starting to aggregate into a visible
size within a few minutes. Silver and copper NPs did not show
apparent aggregation within the time scale of this experiment,
although SEM images showed some aggregation (Figure S10).
Metal NPs produced good results for some analytes, especially
for sugars in positive mode with Cu and many acidic
compounds in negative mode with Ag. Recently, vacuum
sputter deposition has been suggested as a useful method for in
situ deposition of silver and platinum NPs for LDI-MS.40−43
This method provides uniform coverage, and might also be
useful for other metal NPs, but was not explored in the current
study.
The high NALDI eﬃciency of parthenolide with TiO2 NPs,
both in positive and negative mode, is intriguing considering
the diﬃculty to detect terpene by most other NPs or organic
matrixes. Recently, we were able to analyze phytocassanes and
momilactones (both terpenes) with TiO2 and Fe3O4 NPs but
not with any organic matrixes.44 Fe3O4 NPs showed higher
sensitivity for this class of terpenes than TiO2 NPs, which
contrasts with parthenolide in the current study where Fe3O4
NPs are mostly ineﬃcient. Further study is necessary to achieve
a more detailed understanding, but we tentatively conclude that
(1) high temperature is essential for terpenes considering their
high boiling point compared to other analytes and high LDI
eﬃciency with some metal oxide NPs and diamond NPs, and
(2) chemical interactions also play an important role for these
hydrophobic compounds that are diﬃcult to ionize (e.g.,
momilactones and phytocassanes have hydroxyl groups but not
parthenolide).
Figure 3. Signal fold change of water-soluble analytes after 1 h in-
solution incubation prior to spray-deposition to MALDI plate,
compared to immediate deposition.
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In conclusion, we have shown NPs are highly eﬃcient
matrixes for LDI-MS of a wide range of small molecules,
especially in positive mode but also in negative mode for
certain compounds. A thermal desorption model partially
explains NALDI eﬃciency, but other eﬀects such as surface
adsorption also play an important role. We anticipate our
screening result will be very useful to many researchers in the
selection of NPs for NALDI-MS analysis of their small
molecules of interest. For example, DHB is most commonly
used for the analysis of TAG, but the ion suppression of TAG
by PC is well-known.45 According to this study, Fe3O4 NPs
would be much more eﬀective than DHB for the analysis of
TAG, even in the presence of PC. We can simultaneously
analyze both TAG and PC using a binary mixture of DHB and
Fe3O4 NPs (unpublished). The selectivity of NPs could be
utilized for high-throughput analysis of speciﬁc compounds in
complex mixtures. Alternatively, a combination of several NPs
might be used to overcome the selectivity of NPs. These NPs
can be also used for MS imaging (MSI), as we have
demonstrated for TiO2 and Fe3O4 NPs in MSI of rice leaf,
44
and WO3 and Fe3O4 NPs in MSI of corn seed cross sections.
46
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